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ABSTRACT: Phosphonoacetaldehyde hydrolase (phosphonatase) catalyzes the hydrolysis of phosphonoac-
etaldehyde to acetaldehyde and phosphate using Mg(II) as cofactor. The reaction proceeds via a novel
bicovalent catalytic mechanism in which an active-site nucleophile abstracts the phosphoryl group from
the Schiff-base intermediate formed from Lys53 and phosphonoacetaldehyde. In this study, the X-ray
crystal structure of theBacillus cereusphosphonatase homodimer complexed with the phosphate (product)
analogue tungstate (Ki ) 50 µM) and the Mg(II) cofactor was determined to 3.0 Å resolution with an
Rcryst ) 0.248 andRfree ) 0.284. Each monomer is made up of anR/â core domain consisting of a centrally
located six-stranded parallelâ-sheet surrounded by sixR-helices. Two flexible, solvated linkers connect
to a small cap domain (residues 21-99) that consists of an antiparallel, five-helix bundle. The subunit-
subunit interface, formed by the symmetrical packing of the twoR8 helices from the respective core
domains, is stabilized through the hydrophobic effect derived from the desolvation of paired Met171,
Trp164, Tyr162, Tyr167, and Tyr176 side chains. The active site is located at the domain-domain interface
of each subunit. The Schiff base forming Lys53 is positioned on the cap domain while tungstate and
Mg(II) are bound to the core domain. Mg(II) ligands include two oxygens of the tungstate ligand, one
oxygen of the carboxylates of Asp12 and Asp186, the backbone carbonyl oxygen of Ala14, and a water
that forms a hydrogen bond with the carboxylate of Asp190 and Thr187. The guanidinium group of
Arg160 binds tungstate and the proposed nucleophile Asp12, which is suitably positioned for in-line
attack at the tungsten atom. The side chains of the core domain residue Tyr128 and the cap domain
residues Cys22 and Lys53 are located nearby. The identity of Asp12 as the active-site nucleophile was
further evidenced by the observed removal of catalytic activity resulting from Asp12Ala substitution.
The similarity of backbone folds observed in phosphonatase and the 2-haloacid dehalogenase of the HAD
enzyme superfamily indicated common ancestry. Superposition of the two structures revealed a conserved
active-site scaffold having distinct catalytic stations. Analysis of the usage of polar amino acid residues
at these stations by the dehalogenases, phosphonatases, phosphatases, and phosphomutases of the HAD
superfamily suggests possible ways in which the active site of an ancient enzyme ancestor might have
been diversified for catalysis of C-X, P-C, and P-O bond cleavage reactions.

Phosphonates enter the environment through commercial
as well as through natural sources. Once thought obscure,
phosphonates are now known to play highly specialized roles
in the many organisms that synthesize them (1-5). As
chemically stable organophosphate mimetics, phosphonates
display a wide range of biological activities that, in recent
years, have been exploited in their commercial application

as herbicides, pesticides, antibiotics, fungicides, and antiviral
agents (6). The biodegradative pathways that have evolved
in bacteria to recycle natural phosphonates may, with some
engineering, serve as a future means to control environmental
contamination by this rapidly expanding class of pollutants.

Studies of phosphonate degradation pathways in soil-
dwelling bacteria have identified several enzymes specialized
in catalysis of hydrolytic P-C bond cleavage. These are the
C-P lyase, a ubiquitous and highly complex integral mem-
brane protein system that hydrolyzes a broad spectrum of
phosphonate compounds via a homolytic chemical pathway
(7-9), and the phosphonoacetaldehyde hydrolase (10),
phosphonoacetate hydrolase (11), and phosphonopyruvate
hydrolase (12), each of which is a substrate-specific phospho-
nohydrolase functioning in heterolytic P-C bond cleavage.
Phosphonoacetaldehyde hydrolase (phosphonatase)1 from
Bacillus cereusis the topic of this paper.
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Phosphonatase functions as catalyst in a two-step chemical
pathway found inPseudomonas aeruginosa, Pseudomonas
putida, Enterobacter aerogenes, Bacillus cereus, Rhizobium
meltoti, and Salmonella typhimirium(13-19) designed to
degrade the ubiquitous natural phosphonate 2-aminoeth-
ylphosphonate (AEP)into useable forms of nitrogen, carbon,
and phosphorus (Scheme 1). AEP is produced by protozoans
such asTetrahymena pyriformisfrom phosphoenolpyruvate.
Small-molecule phosphonates such as AEP are utilized in
prokaryotes primarily for chemical warfare while larger AEP
adducts of proteins, lipids, and glycans found in eukaryotes
are produced for purposes which are presently unknown (20,
21). The first step of the AEP degradation pathway, catalyzed
by AEP transaminase, involves the transfer of NH3 from AEP
to pyruvate, yielding phosphonoacetaldehyde (P-Ald) and
alanine. In the second step, catalyzed by phosphonatase,
P-Ald is hydrolyzed to acetaldehyde and inorganic phosphate.

Phosphonatase has been purified fromPseudomonas
aeruginosa, Bacillus cereus, andSalmonella typhimirium(13,
15, 22). The B. cereusenzyme is a stable and soluble
homodimeric enzyme of 30 361 Da monomer molecular mass

that requires Mg(II) for activity and that is optimally active
between pH 6.5 and pH 8.5. Phosphonatase catalyzes the
hydrolysis of its natural substrate P-Ald with akcat ) 15 s-1

andKm ) 33 µM. Thiophosphonoacetaldehyde (kcat ) 0.7
s-1; Km ) 50 µM) and acetonylphosphonate (kcat ) 0.1 s-1;
Ki ) 230µM) (23) are the only other phosphonates that have
been identified as alternate substrates. The various substrate
analogues which have been tested (viz., phosphonoacetate,
phosphonoethanol, fluorophosphate, acetoacetate, and mal-
onic semialdehyde) bind only weakly to phosphonatase (23).

The mechanism of phosphonatase catalysis has been
difficult to establish unequivocally. Early investigations
showed that catalytic turnover in the presence of the reducing
agent borohydride resulted in enzyme inactivation (10). At
the time, this observation served as solid evidence of a Schiff
base mechanism of catalysis. Later it was discovered that
the adduct trapped by reduction is not the substrate Schiff
base formed from P-Ald but, rather, the Lys53Nε-2-
ethylenamine adduct (product Schiff base) (24). Protection
experiments showed that the Lys53 residue is located at the
active site (24), and site-directed mutagenesis studies dem-
onstrated that it is essential to catalytic function (22). The
Lys53Nε-2-ethylenamine adduct was thus considered to be
a reaction intermediate, but the actual pathway leading to
its formation was unconfirmed. The addition of Lys53 to
the P-Ald carbonyl produces an oxyanion, which might
abstract a proton and then dehydrate to the Lys53Nε-
iminoethylphosphonate adduct. Alternatively, the oxyanion
could attack at the phosphorus, to form an oxaphosphetane
intermediate (analogous to the oxaphosphetane intermediates
formed in Wittig and Horner-Emmons type reactions). As
illustrated in Figure 1, upon dephosphonylation both inter-
mediates lead to the observed Lys53Nε-2-ethylenamine
adduct.

Lee et al. (25) found that phosphonatase-catalyzed hy-
drolysis of chiral [18O,17O]thiophosphonoacetaldehyde to
chiral [18O,17O,16O]thiophosphate occurs with retention of

1 Abbreviations: AEP, 2-aminoethylphosphonate; HAD, 2-L-haloacid
dehalogenase; NCS, noncrystallographic symmetry; MAD, multiwave-
length anomalous dispersion; MIR, multiple isomorphous replacement;
MLHL, maximum likelihood/Hendrickson-Lattman; Pald, phospho-
noacetaldehyde; phosphonatase, phosphonoacetaldehyde hydrolase;
rmsd, root-mean square deviation.

FIGURE 1: Alternative catalytic mechanism for phosphonatase-catalyzed hydrolysis of P-Ald.

Scheme 1: AEP Degradation Pathway (13, 14)

10386 Biochemistry, Vol. 39, No. 34, 2000 Morais et al.



configuration at phosphorus. This observation eliminated the
mechanism involving the direct in-line attack of water at the
phosphonyl group of the Lys53Nε-iminoethylphosphonate
adduct (Figure 1b), since this pathway would lead to
inversion of configuration at phosphorus. The mechanism
proceeding via the oxaphosphetane (Figure 1c) is predicted
to occur with retention of configuration at phosphorus (i.e.,
pseudorotation precedes concerted fragmentation of the C-O
and P-O bonds) as is the Schiff-base mechanism (Figure
1a) involving initial transfer of a phosphoryl group to an
active-site nucleophile followed by transfer to water. Thus,
these latter two mechanisms remained in contention.

To distinguish between the two mechanisms in Figure 1a
and 1c, an18O-labeling experiment was performed (26). The
phosphate derived from dephosphonylation of the oxaphos-
phetane intermediate (Figure 1c) would contain the oxygen
atom from the P-Ald CdO, while the phosphate derived from
hydrolysis of the phosphoenzyme intermediate (Figure 1a)
would contain the oxygen derived from a solvent water
molecule. Lee (26) showed that phosphate produced by
phosphonatase-catalyzed hydrolysis of [C(2)-18O]P-Ald in
water is devoid of the18O-label. This result eliminates the
oxaphosphetane pathway provided that oxygen exchange had
not occurred between the [C(2)-18O]P-Ald and the [16O]H2O
prior to dephosphonylation. While solvent exchange in the
absence of enzyme was easily ruled out (26), the technical
difficulties associated with measuring solvent exchange in
the presence of the enzyme proved to be insurmountable
(unpublished observations). Therefore, a different approach,
focusing on the detection of the phosphoenzyme intermedi-
ate, was pursued.

The first line of evidence supporting the intermediacy of
a phosphoenzyme in phosphonatase catalysis was derived
from protein sequence analysis (22). Specifically, phospho-
natase was found to possess the same three primary sequence
motifs of the L-2-haloacid dehalogenase (HAD) enzyme
superfamily (22, 27, 28), one of which contains a stringently
conserved Asp residue that functions in nucleophilic catalysis
[i.e., to form an alkylated enzyme adduct in the dehalogenase
(29) and a phosphoenzyme adduct in the phosphatases (30)].
By analogy, Asp12 in phosphonatase was implicated as the
phosphoryl acceptor from the Lys53Nε-iminoethylphospho-
nate intermediate. In this paper, we show by site-directed
mutagenesis that Asp12 is essential to phosphonatase ca-
talysis, and by X-ray crystallographic structure determination
of theB. cereusphosphonatase-Mg(II)-tungstate complex,
that Asp12 is properly positioned to accept the phosphoryl
group from the Lys53Nε-iminoethylphosphonate donor. A
catalytic mechanism, consistent with the X-ray crystal-
lographic data and the solution data, is proposed.

A comparison of the three-dimensional structure of phos-
phonatase with the three-dimensional structures of the
dehalogenase fromPseudomonassp. YL andXanthobacter
autotrophicus(31, 32) has now confirmed the common
ancestry suggested by the conservation of the three sequence
motifs (22). Other members of the HAD enzyme superfamily
(viz., P-type ATPases, phosphatases, andâ-phosphogluco-
mutases) function, with the assistance of a divalent metal
ion cofactor, in P-O bond cleavage. Until now, the link
between the catalytic mechanisms of the superfamily mem-
bers acting on carbon centers and of those acting on
phosphorus centers has remained equivocal, despite an

ambitious effort to use family sequence data in conjunction
with the nonhomologous CheY structure to make the
connection (33). In the present study, the active-site scaffold
common to the P-C bond-cleaving phosphonatase and the
C-O bond-cleaving dehalogenases was analyzed in the
context of the HAD superfamily structures and sequences
to reveal a feasible strategy for catalytic diversification.
Preliminary abstracts of this work have been presented (34,
35).

MATERIALS AND METHODS

Preparation of Wild-Type and Asp12Ala Phosphonatase.
The wild-typeB. cereusenzyme was prepared using theE.
coli clone as described in (22). The Asp12Ala mutant gene
was generated by the polymerase chain reaction using the
plasmid pET-3a, containing the wild-type phosphonatase
gene, as the template (22). Asp12Ala phosphonatase was
prepared in a yield of 5 mg/g of cell paste using the same
protocol employed for the wild-type enzyme. The Asp12Ala
phosphonatase catalytic activity was measured at a concen-
tration of 50µM using the standard assay solution containing
1 mM P-Ald, 5 mM MgCl2, 0.13 mM NADH, and 9 units/
mL alcohol dehydrogenase in 50 mM K+HEPES (pH 7.0;
25 °C). The CD spectra of wild-type and Asp12Ala phos-
phonatase were measured (by the Protein and Carbohydrate
Facility of the University of Michigan) at a concentration
of 0.1 mg/mL in 5 mM potassium phosphate buffer (pH 7.0).

Inhibition by Tungstate.The Ki of Na2WO4 was deter-
mined by measuring the initial velocity of phosphonatase-
catalyzed hydrolysis of P-Ald as a function of substrate
concentration (25-300µM) and tungstate inhibitor concen-
tration (0, 40, 80, and 100µM). Reaction solutions containing
5 mM MgCl2 and 100 mM K+HEPES (25°C; pH 7.0) were
monitored at 340 nm using the alcohol dehydrogenase/
NADH continuous spectrophotometric assay described previ-
ously (36). The Ki value was calculated from the initial
velocity data by using the rate equation for competitive
inhibition:

whereV is the initial velocity,V is the maximal velocity,S
is the concentration of the substrate,Km is the Michaelis
constant for the substrate, andI is the concentration of the
inhibitor.

Crystallization, Data Collection, and HeaVy Atom Screen-
ing. Crystallization, data collection, and heavy atom screen-
ing were described previously (37). To summarize, a search
for crystallization conditions produced platelike crystals
which diffract to 2.7 Å and were suitable for X-ray analysis.
The optimized crystallization conditions were 30% PEG
4000, 100 mM Tris-HCl, pH 7.4, and 100 mM MgCl2.
Crystals grown under such conditions are monoclinic,
belonging to spacegroupC2, with unit cell dimensionsa )
210 Å, b ) 45 Å, c ) 64 Å, andâ ) 105°. Crystal density
was determined using a ficoll gradient (38) in order to
confirm the number of molecules per asymmetric unit as 2.
A native data set to 2.7 Å resolution was collected on such
crystals. Additional data sets to at least 3.0 Å were collected
on crystals soaked in the following solutions: 10 mM Na2-
WO4, 1 mM ethylmercury phosphate, 1 mM potassium
hexachloroiridate, and 1 mM trimethyllead acetate, as well

V ) VS/[Km(1 + I/Ki) + S] (1)
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as a 2.4 Å data set collected on crystals grown in the presence
of the competitive inhibitor vinyl sulfonate (5 mM). Data
collection statistics are summarized in Table 1. Soaking in
heavy metals caused the unit cell edgec to double in length.
Thus, to circumvent complications introduced by noniso-
morphism of the native and vinyl sulfonate data sets with
the heavy atom derivatives, the heavy atom data set with
the lowest mean isomorphous difference with native, trim-
ethyllead acetate was selected for use as a pseudo-native data
set. To further circumvent nonisomorphism problems, a
three-wavelength MAD data set was collected to 3 Å
resolution on a crystal soaked in 10 mM Na2WO4, which
was isomorphous with crystals used in the MIR experiment.
Independent phase sets were first calculated and refined for
the MAD and MIR experiments separately, and then
combined by adding the Hendickson-Lattman coefficients.
The combined phase distribution was applied to amplitudes
obtained from merging the three wavelengths collected in
the tungstate MAD experiment. The merging of all three
wavelengths of data yields high measurement redundancy,
but also increases the calculatedR-merge (39). The final
phasing statistics are summarized in Table 1.

Model Building and Refinement.Electron density modi-
fication, map calculation, and other data manipulations were
carried out using the CCP4 program suite (40). Density
modification procedures employed included solvent flatten-
ing, histogram matching, skeletonization, noncrystallographic
symmetry averaging, and multi-crystal averaging. Multi-
crystal averaging was performed over the following data
sets: (1) the Na2WO4 data set phased by MAD, (2) the
trimethyllead acetate data set phased by MIR, (3) the native
data set, and (4) the enzyme-vinyl sulfonate complex data
set. Electron density maps were displayed using the graphics
program O (41). The resulting density-modified map allowed
for unambiguous identification of most of the secondary
structure elements in the larger “core” domain (residues
5-20 and 100-266). At this point, density corresponding
to the smaller “cap” domain was uninterpretable (residues
20-99).

The program O (41) was used to build a partial CR
backbone, and a polyalanine molecule was subsequently built
into the density corresponding to the “core” domain. Phases
were calculated from this partial model using theSFALL
program in theCCP4 package. This phase probability

distribution was weighted, and combined with the original,
experimental phase distribution using theSIGMAA program
in theCCP4package. Density modification on this combined
phase distribution produced a map where most of the side
chains of the secondary structure elements of the “core”
domain were visible, as well as several of the CR atoms of
the secondary structure elements of the smaller cap domain.
A new phase set was calculated from this updated model,
combined with the original, experimental phase distribution,
density-modified, and an additional model was built into the
resulting electron density map as described above. This
procedure was repeated until a model corresponding to the
“core” region of the protein was complete (i.e., main chain
and side chain atoms for both secondary structure elements
and loop regions had been built), and∼60% of the smaller
“cap” domain had been built (∼48 out of 80 residues).

Model refinement procedures included rigid-body refine-
ment, simulated annealing using torsional dynamics, and
B-factor refinement as implemented in CNS (42), excluding
7% of the data for statistical cross-validation purposes
(calculation ofRfree) (43). A maximum likelihood/Hendrick-
son-Lattman (MLHL) minimization target was utilized for
all refinement procedures. Several iterative cycles of simu-
lated annealing procedures followed by manual rebuilding
using sigma-weighted (44) 2Fo - Fc andFo - Fc difference
maps resulted in a final model incorporating 256 out of 266
possible amino acids. Residues 1-4 and 261-266 were not
visible in the electron density map and were omitted from
the final model. The automated water picking program
implemented in CNS was used to assign 16 water molecules
in the asymmetric unit (4 waters/monomer). All waters
selected were visible in aFo - Fc map contoured at 3σ and
form at least one potential hydrogen bond to the protein and
were all located in the active site. At this point, group
B-factors were refined, resulting in final crystallographicR
values ofRcryst ) 0.248 andRfree ) 0.284. Analysis of the
Ramachandran plot of the final model shows that 80.0% of
the 256 residues fall within the most favored region, 17.6%
in the additionally allowed region, and only 2.0% in the
generously allowed regions, as defined by PROCHECK (45).
Refinement statistics and final model geometry are sum-
marized in Table 2.

Table 1: Crystallographic Statistics

(A) Data Collectiona

crystal resolution (Å) no. of unique reflections % complete Rmerge
b 〈I/σ〉

W (λ1 - λ3)c 3.0 25521 93.7 (92.0)d 0.215 6.6 (2.0)d

(B) Heavy Atom Statistics for MIR Phasing
derivative Riso

e no. of sites resolution range (Å) Rc
f fh/Eg (acentrics) fh/Eg (centrics)

W 0.179 2 20.0-3.0 0.72 0.61 0.68
Hg 0.150 2 20.0-3.0 0.72 0.52 0.54
Ir 0.179 2 20.0-3.0 0.56 1.23 1.36

a Overall figure of merit for MAD phasing (before density modification)) 0.41 (0.59 at 4 Å).b Rmerge) 100× ∑h∑i(|F2
hi - 〈F2

h〉|)/∑h∑i, where
F2

hi is the square of theith intensity measurement of reflectionh and〈F2
h〉 is the mean squared intensity of the reflection.c Data set consisting of

all three wavelengths merged together (λ1 ) 1.214698 Å,λ2 ) 1.2142318 Å,λ3 ) 1.196994 Å).d Numbers in parentheses represent the value for
the highest resolution shell.e Riso ) mean fractional isomorphous difference) ∑|Fph - Fp|/∑Fp, whereFph andFp are the derivative and native
structure factors, respectively. For MAD analysis,R is calculated between data sets at two different wavelengths for dispersive differences, or
betweenF+ andF- at a particular wavelength for anomalous differences.f Rc ) ∑|FH

obs - FH
calc|/∑FH

obs, whereFH
obs andFH

calc are the observed
and calculated structure factors, respectively.g fh/E ) phasing power wherefh is the root-mean-square calculated heavy-atom structure factor and
E is the root-mean-square lack of closure error.
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RESULTS AND DISCUSSION

Phosphonatase Inhibition by Tungstate.For the phospho-
natase structure determination, tungstate (WO4

2-), a common
phosphate analogue, was used to identify the phosphate
binding site. To ensure that tungstate had indeed bound at
the phosphonatase active site, it was tested as a competitive
inhibitor versus the substrate P-Ald. TheKi of tungstate
measured as a competitive inhibitor is 50µM. The tight
binding of tungstate to the phosphate site may be attributed
to the polarizability of the tungsten atom.

Phosphonatase Tertiary Structure.The crystal structure
of the phosphonatase-Mg(II)-tungstate complex at 3.0 Å
resolution reveals a dimer of 266 residue (256 observed)
subunits related by a 2-fold axis of symmetry. Each “kidney
bean” shaped monomer (dimensions: 60× 45 × 30 Å;
Figure 2a) is comprised of 6â-strands (â1-â6 in Figure
2b) and 12R-helices (R1-R12 in Figure 2b), which are
organized into 2 distinct domains: a larger “core” domain
(residues 5-20 and 100-260), and a smaller “cap” domain
(residues 21-99). The core domain has anR/â-type structure,
distinct from theR/â-hydrolase fold, consisting of a centrally
located six-stranded parallelâ-sheet (â4-â3-â1-â5-â6-â7)
surrounded by sevenR-helices. Typical right-handedâ-R-â
connectivity is observed betweenâ-strands although the
location of the switch point, betweenâ3 andâ4, is unusual.
The “cap domain” is inserted between the firstâ-strand (â1)
and the firstR-helix (R6) of the core domain through two
flexible, solvent-accessible linker regions [residues 20-24
(L1) and 99-104 (L2)]. The cap domain consists of an
antiparallel, five-helix bundle. HelicesR1, R3, andR4 are
all approximately three-turn helices, whereasR2 andR5 are
two- and five-turn helices, respectively. HelicesR2 andR3
and the short loop between them point toward the core
domain of the protein and form half of the subunit interface.
The residues that make up the other half of the subunit
interface are positioned on loops connecting the secondary
structural elements within the core domain. The structure is
well defined with an average temperature (B-factor) of 24.2
for main-chain and side-chain atoms (see Table 2). The
averageB-factor for the small cap domain (27.9) is slightly
higher than that of the large core domain (22.5), which may
be the result of an increased mobility and fewer crystal
contacts (6 out of 23 total per dimer) in the cap domain.

Phosphonatase Quaternary Structure. In solution both
native and recombinantB. cereusphosphonatases are ho-
modimeric enzymes (22). The two monomers that make up
the dimer observed in the crystal are related by a noncrys-
tallographic 2-fold axis of symmetry (Figure 3a). The side

chains from residues comprisingR8 from the core domain
contribute to the dimer interface where the principal stabiliz-
ing interactions are hydrophobic. These interactions include
Tyr176 from monomer A with Tyr162, and Trp164 from
monomer B, Met171 from monomer A with Met171 from
monomer B, Tyr167 from monomer A with Tyr167 from
monomer B, Trp164 from monomer A with Tyr176 from
monomer B, and Tyr162 from monomer A with Tyr176 from
monomer B (representative region shown in Figure 3b with
corresponding electron density). The interacting residues at
the dimer interface are all within 4 Å of their NCS-related
counterparts, a distance that is within reason for hydrophobic
interactions. The absence of dimerization would leave a large,
solvent-exposed hydrophobic patch on the enzyme. Since
such a structure would be energetically unfavorable, this
result suggests that the interface stabilizes the true biological
dimer as opposed to dimerization induced by crystallization.
Additional evidence in support of this conclusion comes from
the observation that this same dimer exists in phosphonatase
even when the enzyme crystallizes in a different spacegroup
(unpublished results).

La Nauze et al. observed that Mg(II) is required for
dimerization (36). The structure shows that Mg(II) is not
present at the dimer interface, and if it were, its presence in
this hydrophobic environment would be energetically unfa-
vorable. We are certain that the dimer observed in the crystal
is the true biological dimer, and, therefore, it is difficult to
account for the reported Mg(II) effect.

Surprisingly, the two monomers comprising the dimer are
not identical. Tungstate is bound by only one of the two
subunits of the phosphonatase dimer, and the orientation of
the cap domain relative to the core domain in the two
subunits is different. The change in relative orientation of
the two domains stems from changes in the backbone
conformation at Leu28 and Phe95, resulting in a hinge-like
motion in the two solvated, interdomain linker regions. In
the monomer with tungstate bound, the two subdomains are
closer together than in the monomer with an unoccupied
active site. As a result, the domain-domain interface in the
monomer with tungstate bound is tighter than in the unbound
monomer. Whether the change in interdomain orientation is
related to ligand binding and/or crystal contacts must await
the determination of additional structures of phosphonatase.

Phosphonatase ActiVe-Site Residues and Catalysis.The
phosphonatase active site is located at the core domain-
cap domain interface. The side chains of the contributing
active-site residues are pictured in Figure 4. Tungstate and
Mg(II) are bound to the core domain in close proximity to
Asp12. The Mg(II) ligands include two tungstate oxygens,
one oxygen of the carboxylates of Asp12 and Asp186, and
the backbone carbonyl oxygen of Ala14. The sixth Mg(II)
ligand is a water molecule, positioned to interact favorably
with the side-chain carboxylate of Asp190 and the hydroxyl
of Thr187. Residue Thr16 is also nearby the Mg(II), and
positioned to interact with the Asp12 nucleophile. Residues
Asp12, Asp186, Ala14, and Thr16 are stringently conserved
among the three known phosphonatase sequences (22). In
P. aeruginosaand S. typhimirium,phosphonatase Asp190
is replaced with Gly. These sequences contain Asp185
instead. A simple modeling exercise in which Gly185 in the
B. cereusenzyme is replaced by Asp demonstrates that if
the side-chain position at 185 is retained, the carboxylate

Table 2: Refinement Statistics and Stereochemical Quality of Final
Model

final R factor (100.0-3.0 Å, working set) 0.248
freeR factor (100.0-3.0 Å, 7% test set) 0.284
averageB-factor (Å2) 24.24
no. of reflections recorded 38774
no. of reflections used in refinement 17343
estimated coordinate error (Å) 0.42
rms deviations from ideality

bond lengths (Å) 0.009
bond angles (deg) 1.56
dihedral angles (deg) 21.53
improper angles (deg) 1.04

Crystal Structure of Phosphonatase Biochemistry, Vol. 39, No. 34, 200010389



group of Asp185 would superimpose with the water held
by Asp190 in theB. cereusstructure. Thus, either Asp185
or an Asp190-water pair serves to ligand Mg(II) in
phosphosphonatase. The tungstate makes bidentate interac-
tions with the Mg(II) and monodentate interactions with the
guanidinium of the stringently conserved residue Arg160 as
well as the backbone nitrogens of Gly127 and Tyr128. The

Arg160 simultaneously interacts with the carboxylate of
Asp12 which, in turn, is positioned for in-line attack at the
tungsten atom. The side chains of Cys22 and Tyr128 are
also located in this region. Tyr128 is conserved but Cys22
is replaced with Ser in the other two phosphonatase
sequences. The Lys53 side chain enters the active-site crevice
of the core domain from the N-terminus of theR3 helix of

a

b

FIGURE 2: Structure of the phosphonatase monomer. (a) The tertiary structure is represented as a ribbon diagram withâ-strands shown as
arrows andR-helices as coils. This figure was generated using the program Molscript (53). (b) The topology of secondary structural elements
with R-helices represented as columns andâ-strands represented as arrows. Secondary elements and termini are labeled.
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the cap domain. Closely surrounding the Lys53 side chain
are the hydrophobic residues Pro25, Phe29, and Met49 from
the cap domain and Phe90 and Leu94 from the cap domain.
His56 is positioned on theR3 helix, just behind the Lys53.
With the exception of Leu94, these residues are stringently
conserved.

The arrangement of ligands and side chains in the
phosphonatase active site (Figure 4) provides insight into
the mechanism of hydrolytic cleavage in P-Ald. Covalent
catalysis by Lys53 had been implicated by reductive trapping
of the Lys53-Nε-2-ethylenamine adduct generated under
steady-state conditions (24). Amino acid replacement of the

FIGURE 3: Dimer interface of phosphonatase. (a) The backbones of the two phosphonatase monomers are shown as blue coils. Residues
involved in the hydrophobic dimer interface (comprised ofR8 of the core domain, see Figure 2a) are depicted as licorice whip representations
with those contributed from one monomer shown in yellow and those from the second monomer in magenta. (b) Stereoview of representative
residues comprising the hydrophobic interface shown as ball-and-stick with corresponding electron density shown as cyan cages (electron
density from a 2Fo - Fc map contoured at 1.0σ). This figure was rendered using the programs Molscript (53) and POVRAY (54).
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Lys53 removed all catalytic activity, indicating the formation
of the covalent adduct between P-Ald and Lys53 is essential
to the overall reaction (22). In the present structure, Lys53
comprises part of the active site through the close association
of the cap domain with the core domain. The Lys53 Nε is
positioned directly above the bound tungstate. By modeling
the phosphonate group of P-Ald in place of the tungstate
(data not shown), we find that the substrate carbonyl group
is positioned within striking distance of the Lys Nε. This
observation leaves little doubt that the first step of phos-
phonatase catalysis involves attack of the Lys53 Nε on the
P-Ald CdO.

To function as a nucleophile, Lys53 must be neutral at
operating pH. The pH-rate profiles measured for phospho-
natase inactivation with acetic anhydride show an ionizing
group with a pKa of ∼6.0 (23). This pKa has been assigned
to Lys53 although the possibility cannot be excluded that
another active-site moiety is the ionizing group. A pKa of
6.0 is ∼4 pH units lower than that of a solvated lysine
residue. A depression of this magnitude has been noted
previously for the Schiff base-forming Lys of the enzyme
acetoacetate decarboxylase [pKa ) 5.9 (46, 47)]. Based on
the primary structure of the decarboxylase which shows that
the catalytic Lys residue is juxtaposed to a second Lys, it
has been suggested that unfavorable charge-charge interac-
tions are responsible for the pKa perturbation (48, 49). In
phosphonatase, the electrostatic interactions responsible for
pKa depression cannot be attributed to a single point charge
but are probobly the result of several electrostatic effects.
The Lys53 resides at the N-terminus of theR3 helix of the
cap domain, where it is likely to be influenced by the
electropositive field of the helix dipole [as previously
reported for triosephosphate isomerase (50)]. The hydro-
phobic active-site microenvironment of the phosphonatase
Lys53 created by the side chains of Pro25, Phe29, Met49,
Phe90, and Leu94 may also serve to destabilize the charged
Nε. This hypothesis depends on the assumption that the
proton can leave the microenvironment.

The addition of Lys53 to the P-Ald CdO results in the
formation of an oxyanion, which could either pick up a
proton in route to dehydration to an imine (Schiff base)
adduct or, alternatively, attack the phosphorus to form an
oxaphosphetane intermediate. As illustrated in Figure 1, and
discussed in the introduction, all pathways converge at the
Lys53Nε-2-ethylenamine adduct, identified by borohydride
trapping (24). Stereochemical studies ruled out a pathway
involving direct attack of water at the substrate Schiff base
(Figure 1b) while18O-labeling experiments provided con-
ditional evidence against a pathway proceeding via an

oxaphosphetane intermediate (Figure 1c). The pathway
remaining, unique in its formation of a bicovalent enzyme
intermediate, had thus emerged as the center of focus. The
connection that was ultimately made between phosphonatase
and the HAD enzyme superfamily identified Asp12 as the
probable phosphoryl group acceptor (22). In the present
study, Asp12 was replaced with Ala, a residue that is not
able to function as the phosphoryl group acceptor. There were
no noticeable differences in the chromatographic behavior
of wild-type and mutant enzyme, and CD spectra of the two
proteins were essentially identical (trough centered at 219
nm: molar elipticity) -200 000). Using a coupled assay
to detect acetaldehyde, no product formation was observed
over a 3 hperiod, indicating the turnover rate of the mutant
enzyme is less than 1× 10-5 s-1. Thus, the Asp12Ala
phosphonatase mutant folds into a soluble nativelike protein
but is inactive, indicating that Asp12 is essential to catalytic
function. The present crystal structure shows that Asp12 is
located in the phosphonatase active site, close to the bound
tungstate and Mg(II) ligands. Assuming that tungstate binds
at or near the P-Ald phosphonate binding site, then the Asp12
is well positioned for in-line attack at the phosphorus. In
future studies, transient kinetic methods will be employed
to confirm the intermediacy of the Asp12-acyl phosphate.

The formation of the acyl phosphate intermediate is
facilitated by Mg(II) and Arg160 which, by binding to both
the Asp12 nucleophile and the Lys53Nε-iminoethylphos-
phonate electrophile, can orient them for reaction and
minimize unfavorable charge-charge interactions occurring
between them. The active-site residues which participate in
the acid/base chemistry that leads to the formation of the
Lys53 Nε-iminoethylphosphonate and hydrolysis of the
Asp12-acyl phosphate and Lys53Nε-2-ethylenamine adducts
are, for present, left unassigned. Tyr128 is available, but
exactly what, if any, role it plays in catalysis has yet to be
determined. Learning how acid-base catalysis is mediated
in the phosphonatase active site must await structure deter-
mination of enzyme-substrate and enzyme-product com-
plexes, and site-directed mutagenesis studies of the active-
site residues.

ConserVation of Fold and ActiVe-Site Scaffold.The level
of sequence divergence among members of the HAD enzyme
superfamily is so high (sequence identity<15%) that, if it
were not for the highly conserved catalytic motifs, the
relationship between the family members would go unrec-
ognized. Until now, the only three-dimensional structures
representing the family are those of two 2-haloacid dehalo-
genases [one fromPseudomonassp. strain YL (31) and the
other from Xanthobacter autotropicusGJ10 (32)] and a

FIGURE 4: Stereoview of the active site of phosphonatase. The Mg(II) ion is shown as a cyan sphere, the tungstate is shown as a ball-
and-stick with an orange tungsten atom, and enzyme residues are shown as ball-and-stick representations. This figure was rendered using
the programs Molscript (53) and POVRAY (54).
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catalytically inactive domain from soluble epoxide hydrolase
(51). Not surprisingly, the folds and active-site structures of

the two dehalogenases, which differ only in substrate
specificity, are quite similar. The question of conservation

FIGURE 5: Three-dimensional structures of the dehalogenase fromPseudomonassp. YL and phosphonatase and the HAD superfamily
primary sequence alignment. (a) The two enzymes are depicted in the same relative orientation as coils. The loops are color-coded to match
the corresponding residues in the (b) superfamily sequence alignment. The positions of the motifs within the sequences are indicated by
residue numbers. The sequences shown are as follows with GenBank access codes given in parentheses: Phn.Bc, phosphonatase fromB.
cereus(g2623262); Phn.St, phosphonatase fromS. typhimurium(U69493); Phn.Pa, phosphonatase fromP. aeruginosa(45309); Had.P. Yl,
2-haloalkanoic dehalogenase fromPseudomonassp. strain YL (S74078); Had. Xa, 2-haloalkanoic dehalogenase fromXanthobacter
autotrophicus(q60099); PGP.Rs, 2-phosphoglycolate phosphatase (u67781Y); Ep.Ko, enolase-phosphatase fromKlebsiella oxytosa(a49101);
PSP.Hs, phosphoserine phosphatase fromHomo sapiens(10275); IGPD.Pp, the N-terminal domain of the putative bifunctional imidizole
glycerolphosphate dehydratase:histidinol phosphatase fromPhytophthora parasitica(Z11591; direct submission to GenBank by P. Karlovsky
in 1992); sEH.Hs, epoxide hydrolase fromHomo sapiens(X97024); DGPP.Sc, 2-deoxyglucose 6-phosphate phosphatase fromSa. cereVisae
(P38773); G3P.Sc, glycerol-3-phosphate phosphatase fromSa. cereVisae(p41277); PGM.Ll,â-phosphoglucomutase fromLactococus lactis
(Z70730); PMM.Bb, phosphomannomutase fromBabesia boVis (2731570); ATP.Eh, Cu(II)-ATPase fromEnterococcus hirae(P32113);
ATP.Hs, gastric H+,K+-ATPase fromHomo sapiens(P20648). Panel A was rendered using the programs Molscript (53) and POVRAY
(54).
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of backbone fold and active-site diversification within the
family is best addressed through comparison of members
catalyzing different chemistries. By comparing the folds,
active-site scaffolds, and catalytic mechanisms of phospho-
natase and 2-haloacid dehalogenase, our intention is to gain
insight into the evolution of catalysis within the HAD enzyme
superfamily.

The structures of the dehalogenase and phosphonatase
monomers are compared in Figure 5. Despite the low overall
sequence identity between these enzymes, their folds are
remarkably similar, particularly within the core domain (rmsd
of 3.9 Å). The similarity in the overall folds of these two
enzymes together with the high sequence identity within the
conserved catalytic motifs (22) supports the hypothesis that
they evolved by divergent evolution from a common
progenitor. In the case of convergent evolution to a common

protein structure and common chemistry, it would be
expected that there would be no significant sequence identity
and that the catalytic groups would be provided by different
loops and therefore different regions of the polypeptide chain
(52). This is not the case in the dehalogenase and phospho-
natase where the conserved core domain supports a common
active-site scaffold that consists of four loops located at
topological switchpoints of the core domain (as identified
in Figure 5a according to color). The fifth active-site
segment, which will be referred to as loop 5, is contributed
by the cap domain. In phosphonatase, loop 5 contributes the
Schiff base forming Lys53 to the active site while in the
dehalogenase it provides the Cl- binding residue Arg41.
Because of the high level of divergence existing in cap
domain sequences and structures, the discussion of the
conserved active-site scaffold within the HAD superfamily

FIGURE 6: General chemical mechanisms of (a) HAD and HAD superfamily phosphotransferases and (b) schematic representations of the
active sites of HAD and phosphonatase and the proposed active site of the HAD superfamily phosphotransferases. The loops forming each
catalytic station are labeled and described in the text. Residue numbering for HAD is from thePseudomonassp. YL enzyme, and numbering
for phosphonatase is from theB. cereusenzyme. For the phosphotransferase model, the corresponding residue inB. cereusphosphonatase
is given. The residue in loop 4 denoted by an asterisk corresponds to Asp185 (inP. aeruginosaandS. typhimuriumphosphonatase and the
phosphotransferases) and corresponds to Asp190 inB. cereusphosphonatase.
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will, for the present, be restricted to the four loops of the
core domain.

The catalytic mechanisms operating in phosphonatase and
2-haloacid dehalogenase (see Figure 6a) are well-defined.
Therefore, the use of catalytic stations located on the four
loops of these two enzymes can be contrasted. Briefly, in
phosphonatase loop 1 is used to station Asp12, the nucleo-
phile, as well as Thr16 which orients it for reaction. The
same is true for the dehalogenase that (using the numbering
system for thePseudomonassp. YL enzyme) stations Asp10
and Thr14 to serve in analogous roles. Loop 2 of the
dehalogenase stations Ser118 to form a hydrogen bond with
the carboxylate substituent of the reactant. The corresponding
loop in phosphonatase stations Thr126 to form a hydrogen
bond with the phosphonate substituent of the reactant. Loop
3 is used in both the dehalogenase and the phosphonatase to
position a positively charged group (Lys151 in the dehalo-
genase and Arg160 in the phosphonatase) to form a salt
bridge with the Asp nucleophile. In phosphonatase, Arg160
also interacts with the phosphonyl group of the reactant. In
the dehalogenase, Lys151 is used to stabilize the alkoxide
leaving group displaced during hydrolysis of the ester
intermediate.

It is loop 4 that performs divergent functions in the
phosphonatase and the dehalogenase. InB. cereusphospho-
natase, loop 4 positions Asp186 and Asp190 (through water)
or Asp185 to function along with the Asp12 of loop 1 in
coordinating a Mg(II) (see Figure 4 for view of the active
site). In the absence of the bound Mg(II), the electrostatic
repulsion between the three carboxylate ligands would be
significant [which may explain why Mg(II) binding is so
tight in phosphonatase as evidenced by the fact that the
enzyme is denatured when metal is removed (unpublished
observations)]. Loop 4 of the dehalogenase positions Ser175
to interact with the Asp nucleophile on loop 1, and Asn177
and Asp180 bind the water molecule that serves in the
hydrolysis of the ester intermediate (corresponding to the
water bound to phosphonatase Thr187 and Asp190). Thus,
in the dehalogenase the loop 4 residues are used to position
the Asp nucleophile and hold a water for hydrolysis of the
intermediate, while in the phosphonatase the loop 4 residues
are used to hold the Mg(II) cofactor either directly or through
water. Mg(II) is required in the phosphonatase to shield the
charge of the phosphonyl group as it is approached by the
charged Asp nucleophile. In the dehalogenase, Asp ap-
proaches an electropositive carbon center and, thus, a Mg-
(II) cofactor is not required. On the other hand, since
hydrolysis in the dehalogenase occurs at the carbonyl carbon
of the ester intermediate and not at C2, the station that binds
Mg(II) in phosphonatase must be used in the dehalogenase
to position water for in-line attack. In phosphonatase,
hydrolysis at the Asp12-acyl phosphate occurs at the
phosphorus, not at the carbonyl carbon. Thus, the attacking
water molecule must be positioned differently (i.e., behind
the phosphoryl group, in-line with the Asp12 C-O-P).

Based on the above comparison, it is apparent that the
divergence in chemistries represented by phosphonatase and
2-haloacid dehalogenase centers on the use of loop 4 in
binding a metal cofactor versus a water molecule. In each
of the HAD family enzymes that act on phosphate substrates,
we anticipate that loop 4 will function in Mg(II) binding
and, therefore, that it will station an Asp overlapping in three-

dimensional space with position 186 (number based on
phosphonatase numbering) and an Asp at position 185 or
190. Inspection of the sequences listed under loop 4 of Figure
5b supports this prediction. Based on the conservation of
the key catalytic amino acids of the HAD superfamily, a
general picture of the active site of the phosphotransferases
from the superfamily (includingâ-phosphoglucomutase,
phosphoserine phosphatase, and the P-type ATPases) can be
constructed (Figure 6b). This general phosphotransferase
model can be constructed simply by substituting the con-
served amino acids of the phosphotransferases for the
corresponding amino acids in phosphonatase using the HAD
superfamily sequence alignment. Thus (using phosphonatase
numbering), the nucleophilic Asp12, stabilizing residues
Thr16 and Thr126, as well as the salt bridge forming Lys or
Arg160 are all retained in the phosphotransferases. Also
retained are the two Mg(II) ligands Asp185 and Asp186. It
is tempting to speculate that in the phosphate ester hydrolases
and mutases, the carboxylate positioned at position 14 two
residues down from the Asp nucleophile is used as the acid/
base catalyst while in the P-type ATPases, the Asp residue
positioned on loop 2 (at the position corresponding to the
Tyr128 in phosphonatase) is employed in base catalysis.

Conclusion.The structure of phosphonatase fromB. cereus
determined to 3.0 Å resolution is consistent with a mecha-
nism utilizing the active-site nucleophile Asp12 to abstract
the phosphoryl group from the Schiff-base intermediate
formed from Lys53 and P-Ald. This is the first example of
bicovalent catalysis by an enzyme on a single substrate. The
fold of phosphonatase supports the evidence from primary
sequence alignment that phosphonatase shares ancestry with
the enzymes of the HAD superfamily, in that the domain
that supports the common chemistry is conserved between
the dehalogenase and phosphonatase. From an analysis of
the conserved active sites, it can be seen that loop 4 has
been recruited by phosphonatase, and, by extension, by the
phosphotransferase members of the superfamily (including
â-phosphoglucomutase, phosphoserine phosphatase, and the
P-type ATPases), as a metal binding site to allow nucleo-
philic substitution at charged substrates.
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